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SUMMARY
Oxygen deprivation can be detrimental. However, chronic hypoxia is also associated with decreased inci-
dence of metabolic syndrome and cardiovascular disease in high-altitude populations. Previously, hypoxic
fuel rewiring has primarily been studied in immortalized cells. Here, we describe how systemic hypoxia
rewires fuel metabolism to optimize whole-body adaptation. Acclimatization to hypoxia coincided with
dramatically lower blood glucose and adiposity. Using in vivo fuel uptake and flux measurements, we found
that organs partitioned fuels differently during hypoxia adaption. Acutely, most organs increased glucose up-
take and suppressed aerobic glucose oxidation, consistent with previous in vitro investigations. In contrast,
brown adipose tissue and skeletal muscle became ‘‘glucose savers,’’ suppressing glucose uptake by 3–5-
fold. Interestingly, chronic hypoxia produced distinct patterns: the heart relied increasingly on glucose
oxidation, and unexpectedly, the brain, kidney, and liver increased fatty acid uptake and oxidation. Hypox-
ia-induced metabolic plasticity carries therapeutic implications for chronic metabolic diseases and acute
hypoxic injuries.
INTRODUCTION

Oxygen deprivation contributes to several leading causes of

mortality in developed nations—myocardial infarction (MI),

stroke, and respiratory failure. While oxygen deprivation can

have devastating health consequences, chronic hypoxia can

also stimulate protective adaptations. For example, a gradual

ascent to altitude reduces the incidence of altitude sickness,

high-altitude pulmonary edema (HAPE), and high-altitude cere-

bral edema (HACE).1 At the organ level, exposure to transient,

sublethal ischemia increases resilience to future ischemic

events, known as ischemic preconditioning.2–6 Moreover,

ischemic injury to non-cardiac tissue confers resilience to MI,

known as remote ischemic preconditioning.7,8 Thus, gradual

adaptation to hypoxia can impart significant health advantages.

This adaptation is partially mediated by the activation of hypoxia-

inducible transcription factors (HIF),9–11 which promote erythro-

poiesis and angiogenesis to enable survival at lower oxygen
504 Cell Metabolism 35, 504–516, March 7, 2023 ª 2023 Elsevier Inc
levels.12,13 While previous work has focused extensively on

these transcriptional programs, metabolic adaptations to hypox-

ia remain incompletely understood at the whole-body level.

The metabolic responses to hypoxia are especially important

given the striking observation that high-altitude residents are

paradoxically protected against a range of metabolic conditions.

More than 2 million individuals reside at an altitude greater than

4,500 m at an oxygen level that translates to an 11% fraction of

inspired oxygen (FiO2) (compared with 21% at sea level).14 Over

a dozen studies have found that high-altitude residents have

significantly lower rates of hyperglycemia, hypercholesterole-

mia, and obesity15–23 and reducedmortality from coronary artery

disease and stroke.24–26 Oxygen deprivation alone can also have

therapeutic benefits, independent of altitude. For example, low

blood hemoglobin levels are associated with improved glucose

homeostasis, decreased insulin resistance, and lower LDL

and triglyceride levels in mice and humans.27 Additionally, we

recently showed that hypoxia exposure extends lifespan,
.
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reverses neurological lesions, and treats functional deficits in a

mouse model of monogenic mitochondrial disease.28 These ob-

servations suggest that shifts in oxygen availability prompt a

rewiring of organ-level and systemic metabolism that may be

therapeutic.

Technological advances have enabled comprehensive, unbi-

ased investigation of systemicmetabolism, revealing the consid-

erable metabolic flexibility and fuel rewiring of mammals in

response to physiological stimuli. For example, endurance exer-

cise in humans rapidly activates skeletal muscle glucose uptake

and fatty acid oxidation.29 Conversely, fasting activates a transi-

tion away from glucose utilization, mobilizing lipids, ketone

bodies, and amino acids.30 These metabolic switches optimize

resource consumption to meet shifting energetic needs.

The findings of significant metabolic flexibility and sustained

adaptation to hypoxia raise an important question—how do

mammalian organs reorganize their fuel preferences and meta-

bolic pathways to meet energy demands in oxygen-limited

environments? The canonical view of hypoxia metabolism em-

phasizes a switch from oxidative phosphorylation to increased

anaerobic glycolysis, suggesting a shift away from fatty acid

metabolism toward glucose utilization. However, this perspec-

tive stems primarily from studies in cancer cell lines.31–33 Uniform

whole-body reliance on anaerobic glycolysis is unlikely to be

adaptive as it would result in rapid glucose depletion and severe

lactic acidosis. Thus, it is more likely that different organs rewire

their metabolism based on local oxygenation, organ-specific

functions, and nutrient availability.

To test thishypothesis,wemeasured fuel uptakeandmetabolic

flux in livemiceexposed toacuteandchronicambient hypoxiaus-

ing positron emission tomography (PET) and isotope-labeled fuel

tracers. As expected, acute hypoxia increased glucose uptake in

most organs while reducing the mitochondrial oxidation of

glucose. Notable exceptions included skeletal muscle and brown

fat, which serve as ‘‘glucose-saving’’ organs by decreasing

glucose uptake in acute hypoxia. In chronic hypoxia, organs

transformed theirmetabolism inuniqueways.Theheart increased

its dependence on mitochondrial glucose oxidation, while the

brain, kidney, and liver promoted fatty acid uptake to feed the

tricarboxylic acid (TCA) cycle. These organ-specific changes

coincided with reduced body fat, dramatically reduced blood

glucose levels, and improvements in hypoxia-induced perturba-

tions in locomotor function. This comprehensive characterization

elucidates how organs contribute differently to systemic hypoxia

adaptation while producing a catabolic state. These findings

highlight some mechanisms underlying hypoxia-induced im-

provements in metabolic fitness and organ resilience to oxygen

deprivation.

RESULTS

Impaired locomotor function in acute hypoxia is rescued
over time
To establish a model of hypoxia adaptation, we began by as-

sessing spontaneous movement and fitness, since these traits

are known to be acutely impaired in humans at high altitude.

We housed young adult mice in three different oxygen tensions

(21%, 11%, and 8% FiO2) for four different time periods (3 and

24 h, 1 week, and 3 weeks) representing acute, subacute, and
chronic hypoxia. 21% represents the oxygen tension of room

air at sea level, and 11% and 8% correspond to altitudes of

4,500 m and greater than 5,000 m, respectively. These two

FiO2s were chosen because they represent significant hypoxia

that is survivable in mice and humans. Of note, 2 million people

live above 4,500 m and 300,000 people live above 5,000 m.14

To evaluate spontaneous movement, we conducted an open

field assay, measuring distance traveled, speed, and resting

time in a controlled atmosphere. Acutely, oxygen deprivation

significantly reduced spontaneous movement and increased

resting time, but by 3 weeks, mice exposed to hypoxia increased

their movement to near normal levels (Figures 1A–1D). We also

conducted pole tests as an integrated assessment of motor

function, including coordination, strength, and speed.34 Mice

were placed at the top of a pole facing up or down, and we

measured the latency to descend. In both starting positions,

mice exposed to 8% FiO2 for 24 h took significantly longer to

descend than mice exposed to 21% FiO2. By 3 weeks of expo-

sure, however, the latency to descend among the hypoxia

groups was comparable to the normoxic controls (Figures 1E

and 1F). Together, these results indicate that acute hypoxia re-

duces spontaneous motion andmotor coordination, but adapta-

tion over several weeks rescues these motor deficits.

Physiological responses to hypoxia include systemic
metabolic rewiring
To identify the mechanisms by which acute locomotor defects

improve under chronic hypoxia, we carefully monitored phy-

siological markers known to respond to hypoxia, including

hemoglobin, blood CO2, and body temperature. As expected,

hemoglobin levels doubled after 3 weeks in 8% FiO2 (Figure 2A),

matching previous human studies.35,36 Another well-known

response to acute hypoxia is hyperventilation, which increases

the expiration of CO2. As a result, acute hypoxia lowered total

blood CO2, but over 3 weeks, this parameter returned to normal

(Figure 2B).

In acute hypoxia, we also observed a dramatic drop in body

temperature (anapyrexia), but this normalized over the following

weeks (Figure 2C). Hypoxia-induced anapyrexia has previously

been observed in other mammals, including rats,37 golden ham-

sters,38 naked mole rats,39 and humans.40 The mechanism

underlying this phenomenon remains unknown, but adaptive

benefits in acute hypoxia may include preserved energy stores,

increased hemoglobin-O2-binding affinity, and a dampened hy-

perventilation response to hypoxia.41 Indeed, lowering body

temperature confers neuroprotection in hypoxic-ischemic en-

cephalopathy.42 However, the reversal of hypoxia-induced

anapyrexia over time indicates that persistently low body tem-

perature is not required for survival in chronic hypoxia.

Given that thermogenesis requires significant energy expendi-

ture, we asked whether mice exhibited changes in body weight

and energy intake during their adaptation to hypoxia. Acute ox-

ygen deprivation stimulated a significant decline in body weight

that was partially reversed over time. Four days in 8% FiO2 low-

ered bodyweights by 20%, but by 3 weeks, weights had partially

recovered and stabilized at 10% below baseline (Figure 2D). The

acute drop in body weight tracked closely with a similar reduc-

tion in food consumption (Figure 2E). Previous studies have

demonstrated that paired feeding rescues hypoxia-induced
Cell Metabolism 35, 504–516, March 7, 2023 505
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Figure 1. Acute hypoxia causes perturba-

tions in spontaneous movement and motor

coordination that attenuate over time

(A) Representative movement traces of mice

housed at 21% or 8% FiO2 and transferred to open

field chambers of matching FiO2.

(B–D) (B) Total distance covered, (C) average

speed, and (D) total resting time of mice placed in

open field chambers over 10 min. Mice were

housed at 21% (gray), 11% (red), and 8% (blue)

FiO2 for 3 h, 24 h, 1 week, or 3 weeks. Numbers

within dots indicate the number of replicates rep-

resented by that point.

(E and F) Latency to descend (in seconds) down a

pole after being placed at the top facing down (E) or

facing up (F).

Statistics were calculated using two-way ANOVA

and post-hoc Tukey correction. n = 8 biological

replicates. *p < 0.05, **p < 0.01, ***p < 0.001, and

****p < 0.0001.

See also Data S1.
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weight loss,43 so depressed food intake is the likely cause of the

observed weight loss. Research in humans has similarly demon-

strated a rapid decline in food consumption at even more mod-

erate hypoxia conditions.44 We found that after 1 week of hypox-

ia, food consumption returned to normal, matching the time

course of body temperature recovery.

The precise signaling cascade driving hypoxia-induced

anorexia remains unknown. Increased leptin secretion, which

promotes satiety, has been proposed as a possible mechanism,

but human studies have produced conflicting results,44–46

perhaps linked to confounding variables such as ambient tem-

perature, barometric pressure, and sleep at altitude. By contrast,

our experimental setup allowed us to assess the effects of oxy-

gen deprivation alone. We collected blood between 10 am and

12 pm without fasting mice to avoid influencing the results with

exogenous interventions. From these hormone measurements,

we found that leptin levels were elevated in mice housed at

8% FiO2 for 24 h (Figure 2F), which corresponds to the time point

with the largest drop in food intake. In addition, levels of ghrelin,

which promotes food intake, were significantly lower at 3 h but

returned to normal at 24 h and were significantly elevated at

1 week (Figure 2F). These data suggest that hormonal responses

to hypoxia may contribute to acute anorexia.

Regardless of its cause, the sustained weight loss in hypoxia

led us to hypothesize that oxygen-deprived mice may activate

starvation-response pathways. Consistent with this hypothesis,
506 Cell Metabolism 35, 504–516, March 7, 2023
hypoxia produced a significant increase

in blood urea nitrogen (BUN) that was

time and oxygen-dose responsive (Fig-

ure 2G). Blood urea is produced from

ammonia generated by protein degra-

dation, and this urea is excreted by the

kidney. Therefore, elevated BUN can indi-

cate kidney injury or elevated rates of pro-

tein catabolism.47 However, we observed

that serum creatinine levels, another

marker of kidney injury, remained below

the detectable threshold throughout
hypoxia treatment. Therefore, our observation of elevated BUN

indicates a perturbed nitrogen balance most likely caused by

protein catabolism. Consistent with these findings, altitude

studies have found that chronic hypoxia reduces skeletal muscle

mass,48,49 and oxygen deprivation in cell lines activates protein

catabolism to meet energy demands.50

Based on the time-dependent metabolic changes in hypoxia,

we sought to determine the precise tissue oxygen tensions in

acute and chronic exposure to 8% FiO2. To measure tissue

oxygenation, we intubated mice and ventilated them at the

appropriate FiO2. Subsequently, a Clark-type microsensor was

inserted into different organs to measure the partial pressure of

oxygen (PO2). As expected, acute hypoxia induced a precipitous

drop in oxygen levels across organs. In chronic hypoxia, howev-

er, some organs, including the heart, brain, and liver, exhibited a

partial recovery in oxygenation (Figure 2H). Different organs had

different baseline oxygen tensions and patterns of recovery,

highlighting the organ-specific changes on the backdrop of

ambient hypoxia. Together, these findings demonstrate that

adaptation to hypoxia involves systemic metabolic rewiring,

even as some organs partially recover their oxygenation.

Chronic hypoxia lowers blood glucose levels and alters
organ-level glucose uptake
Given the dramatic metabolic changes in hypoxia and the prior

evidence of reduced diabetes incidence among high-altitude
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Figure 2. Physiological adaptation to hyp-

oxia includes systemic metabolic rewiring

(A andB) (A) Blood hemoglobin concentrations and

(B) total CO2 measured from tail vein blood sam-

ples of mice housed in 21% (gray), 11% (red), or

8% FiO2 (blue) for 3 h, 24 h, 1 week, or 3 weeks.

Reduced TCO2 levels indicate hyperventilation.

(C) Highest detectable body temperatures mea-

sured with an infrared camera daily for 1 week and

every 1–4 days for the following 2 weeks. Mean ±

SEM are shown.

(D) Percent change in body weight from baseline.

Mean ± SEM are shown.

(E) Food consumption per mouse per day. n = 2

cages. Mean ± SEM are shown. For 11% FiO2

mice, food consumption was significantly different

from normoxic mice on days 1 and 2.

(F) Unfasted plasma levels of leptin and ghrelin

from tail blood samples collected from mice

housed at 21% FiO2 or from mice housed at 8%

FiO2 for 3 h, 24 h, 1 week, or 3 weeks.

(G) Blood urea nitrogen (BUN) concentrations

measured from tail blood samples. Elevated BUN

provides evidenceof increasedprotein degradation.

(H) Organ-level partial pressures of oxygen

measured by a Clark-type microsensor. When

compared with normoxia (gray), all organs exhibited

a decreasedoxygen tensionwhen exposed to acute

hypoxia (light blue), and some experienced a re-

covery in chronic hypoxia (dark blue). Mean ± SEM

are shown.

For (A)–(E)and (G), statisticswerecalculatedusing two-wayANOVAandpost-hocTukeycorrection.For (F), statisticswerecalculatedusingone-wayANOVAandpost-

hoc Tukey correction. For (H), statistics were calculated using two-way ANOVA and post-hoc Dunnett’s test for multiple comparisons to a control group. n = 5–14

biological replicates for all panels except (E). *p < 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001.

See also Data S1.
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populations, we asked whether hypoxia alone could alter sys-

temic glucose homeostasis. Exposure to 8% FiO2 induced a sig-

nificant time- and dose-dependent reduction in fasted and fed

glucose levels (Figure 3A). As expected, normoxic mice had

fasted glucose levels around 100 mg/dL and fed glucose levels

around 150 mg/dL. At 3 h of treatment, fasted and fed glucose

levels were slightly lower before recovering to normal at 24 h.

By 1 week, though, both fed and fasted blood glucose levels cra-

tered to�55mg/dL. Despite the return to normal food consump-

tion at 3 weeks, fasted and fed blood glucose levels were both

less than 40 mg/dL. This dramatic 3–4-fold decrease in circu-

lating glucose was not accompanied by any overt detrimental ef-

fects. To the contrary, behavior recovered to normoxic states at

chronic time points (Figure 1).

To explain this observation, we considered hypoxia-induced

changes in pancreatic islet endocrine activity. Insulin levels

were elevated at acute time points but returned to normal at

1 week and 3 weeks in 8% FiO2 (Figure 3B). Conversely,

glucagon levels were decreased at 24 h and highly varied at

1 week before returning to normal (Figure 3B). Neither hormone

was significantly perturbed in chronic hypoxia. Therefore,

changes in insulin and glucagon production are unlikely to

explain the dramatic hypoglycemia in chronic hypoxia.

We also considered that diminished transcription of gluco-

neogenesis genes may cause hypoxia-induced hypoglycemia.

To test this, we measured gene expression of Pcx (pyruvate

carboxylase), Pck1 (PEP carboxykinase), and G6pc (glucose
6-phosphatase) in the liver and kidney, the two major gluconeo-

genic organs. Surprisingly, we found that at 24 h, both organs

upregulated Pcx, and the kidney exhibited higher expression of

Pck1 (Figure S1A). Interestingly, at this time point, both fed and

fasted glucose levels also returned to normal levels (Figure 3A).

In chronic hypoxia, we observed no changes in the expression

of levels of these 3 genes, so transcriptional suppression of

gluconeogenesis genes is unlikely to explain hypoxia-induced

hypoglycemia.

We therefore asked whether organs increased glucose

consumption as a function of time in hypoxia. We measured

organ-specific glucose uptake using PET-CT imaging with an in-

jected 2-deoxy-2-[18F]fluoro-D-glucose (FDG) tracer. FDG is

taken up by cells through glucose transporters; after phosphor-

ylation, the molecule is trapped within cells and does not un-

dergo further metabolism.51 Thus, the radioactive 18F signal

can be imaged as a measure of glucose uptake. We conducted

FDG PET scans in mice housed at 21% and 8% FiO2 for 3 and

24 h, 1 week, and 3 weeks. We also extracted organs and

used a gamma counter to quantify the 18F signal from each

organ.52

In normoxia, the major glucose consumers were the heart and

brown adipose tissue (BAT), followed by the lungs and brain (Fig-

ure 3C). In response to hypoxia, most organs acutely increased

their glucose uptake, but the kinetics differed across organs

(Figures 3D, 3E, and S1B). For example, glucose uptake

increased after as little as 3 h in hypoxia for the brain and kidney,
Cell Metabolism 35, 504–516, March 7, 2023 507
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compared with 1 week for the heart. In chronic hypoxia, the heart

and brain increased glucose uptake and simultaneously upregu-

lated expression of the glucose transporter gene Slc2a1 (Fig-

ure S1C). These organ-specific differences may implicate the

time required for organs to adapt to ischemic injury or systemic

hypoxic events.

These results are consistent with the classical teachings of

hypoxia adaptation in proliferating cells. In this model, hypoxia

promotes glucose uptake, upregulates glycolytic enzymes, and

increases lactate excretion as the end-product of anaerobic

glycolysis.31 Contrary to this traditional view and the overall trend

of increased glucose uptake, two organs substantially dec-

reased their glucose consumption in acute hypoxia: skeletal

muscle and BAT. In skeletal muscle, glucose uptake returned

to baseline at 3 weeks, a pattern that mirrors the acute impair-

ment and subsequent improvement in locomotor activity.

Reducedmovement during acute hypoxia likely preserves circu-

lating glucose for other organs because skeletal muscle contrac-

tion promotes glucose uptake.53

In BAT, glucose uptakewas decreased by nearly 5-fold persis-

tently across acute and chronic hypoxia. Interestingly, both or-

gans contribute to thermoregulation; skeletal muscle activity

enables shivering thermogenesis, and BAT metabolism drives

non-shivering thermogenesis.54 The acute suppression of

glucose uptake in both organs coincided with a significant

drop in body temperature (Figure 2C). A study in naked mole

rats showed that exposure to 7%FiO2 rapidly lowered body tem-

perature and reduced UCP1 expression in brown fat, which is

required for thermogenesis.39 Therefore, the improvement in

body temperature over time may emerge due to a switch away

from BAT thermogenesis as skeletal muscle metabolism

recovers.

Chronic hypoxia reduces fat accumulation and alters
organ-level uptake of free fatty acids
After observing such dramatic changes in glucose utilization, we

asked whether hypoxia affects additional major fuel sources. To

this end, we characterized hypoxia-induced changes in systemic

and organ-specific fatty acid metabolism. We measured the fat

content inmice by conducting dual-energy X-ray absorptiometry

(DEXA) scans and weighing epidydimal white adipose tissue

(eWAT), a visceral fat depot. Chronic hypoxia reduced total fat

mass and the weight of eWAT depots (Figure 4A). Chronic hyp-

oxia also reduced total lean mass, but to a smaller degree than
Figure 3. Chronic hypoxia causes hypoglycemia and alters organ-spe
(A) Fed and fasted blood glucose measurements after 3 h, 24 h, 1 week, and 3

21% FiO2.

(B) Unfasted plasma levels of insulin and glucagon from tail blood samples collect

1 week, or 3 weeks.

(C) Representative coronal and sagittal images of mouse PET scans conducted

glucose (FDG). Scale bar shows the range of intensities in %ID/cc.

(D) Representative PET scan images of organs extracted from mice 90 min after

brain, 20; lung, 10; kidney, 5; muscle, 7; liver, 7; white fat, 2; brown fat, 10. Photo

experimental group).

(E) Radioactive signal from each organ after extraction as measured by a gamma

the time of measurement. n = 6–9 biological replicates.

Statistics were calculated using one-way ANOVA and post-hoc Tukey correction.

adipose tissue; BAT, brown adipose tissue.

See also Figure S1 and Data S1.
the reduction in fat mass (Figures S2A–S2C). Strikingly, we

observed reduced adiposity despite a recovery in food intake af-

ter the first week of hypoxia treatment. Along with the observed

reduction in blood glucose levels, these data provide experi-

mental support to the hypothesis that chronic adaptation to

hypoxia promotes the catabolism of stored fuels.

To investigate themechanism underlying reduced fat accumu-

lation in chronic hypoxia, we measured fatty acid uptake in or-

gans. Analogous to the FDG PET scans, we conducted PET

scans using 16-[18F]fluoro-4-thia-palmitate (FTP), a metaboli-

cally trapped free fatty acid (FFA) tracer.55 FTP resembles the

saturated fatty acid palmitate, the most abundant FFA in circula-

tion. FTP undergoes mitochondrial uptake through the carnitine

shuttle before being trapped in the mitochondria.56

As expected, FTP PET scans showed that in normoxia, the

heart, liver, and kidney were the most significant consumers of

circulating palmitate (Figure 4B). On the other hand, the brain ex-

hibited ten-fold lower FFA uptake than the heart. Acute hypoxia

had no significant effect on FFA metabolism across organs.

Meanwhile, chronic hypoxia prompted a significant increase in

FFA uptake in the liver, kidney, brain, muscle, and spleen

(Figures 4C, 4D, and S2D). Interestingly, the brain and muscle

both exhibited minimal palmitate uptake at baseline, and their

increased palmitate uptake in chronic hypoxia coincided with

upregulated expression of Cd36, which facilitates fatty acid

transport57 (Figure S2E). Increased fatty acid uptake across mul-

tiple organs contradicts classical teachings from cancer cell

lines of decreased fatty acid metabolism in hypoxia.58,59

Hypoxia rewires metabolic flux of major fuel sources
into the TCA cycle
Given the importance of oxygen inmitochondrial oxidative meta-

bolism, we next investigated how hypoxia affects the shuttling of

circulating fuels into the TCA cycle. We conducted separate

bolus injections of the stable isotopes U-13C-glucose and

U-13C-palmitate and extracted organs 20 min later. The concen-

trations of these tracers in plasma varied slightly across condi-

tions, reflecting different baseline concentrations of circulating

glucose and palmitate in hypoxia (Figure S3A). Next, we traced

the conversion of circulating carbons from glucose and palmitate

into the TCA intermediates succinate, fumarate, and malate and

the TCA-derived amino acid glutamate. The fractional labeling of

TCAmetabolites, as determined by LC-MS analysis of extracted

organs, represents the use of the injected fuels to feed the TCA
cific glucose uptake
weeks of hypoxia (8% FiO2) treatment (blue). Controls (gray) were housed in

ed frommice housed at 21% FiO2 or frommice housed at 8% FiO2 for 3 h, 24 h,

60 min after tail vein injection of the glucose analog 2-deoxy-2-[18F]fluoro-D-

tail vein injection of FDG. Maximum values (% ID/cc) vary per organ: heart, 40;

graphs included only to demonstrate organ shape (not necessarily taken from

counter. Values were decay-corrected based on the time of FDG injection and

*p < 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001. eWAT, epidydimal white

Cell Metabolism 35, 504–516, March 7, 2023 509
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cycle (Figures 5A, S3B, and S3C). Because the tracer measure-

ments were not conducted at steady state, the exact fractional

contributions of glucose and palmitate to downstream metabo-

lites cannot be determined, and enrichments of the isotope label

cannot be precisely compared across different organs. Never-

theless, increased enrichment of the isotope label in TCAmetab-

olites implies increased production of TCA intermediates from

the labeled fuel relative to other sources.

As expected, we found that in every organ, acute hypoxia

reduced the production of TCA metabolites from circulating

glucose (Figures 5B, 5C, and S4A). This finding was most pro-

nounced in the heart and skeletal muscle (Figures 5B and 5C).

This pattern coincided with increased glucose uptake in many

organs, suggesting the consumption of glucose for anaerobic

glycolysis or other, non-TCA fates. This finding is consistent

with a hypoxia-induced blockade of pyruvate dehydrogenase

(PDH) activity by HIF.60 Notably, we observed no such blockade

of mitochondrial fatty acid oxidation in acute hypoxia. In all or-

gans, relative palmitate-derived production of TCA metabolites

remained steady or even elevated in acute hypoxia (Figures

5B, 5D, and S4B).

In chronic hypoxia, however, organs exhibited distinct pat-

terns of glucose oxidation into the TCA cycle. In the heart,

glucose-derived production of TCAmetabolites was significantly

increased relative to normoxia. On the other hand, brown fat, the

kidney, and the brain exhibited a significant decrease in glucose-

derived TCA metabolites relative to normoxia (Figures 5C

and S4A).

Meanwhile, chronic hypoxia significantly increased the contri-

bution of circulating palmitate to the TCA cycle in the kidney,

brain, and liver (Figures 5D and S4B). Of note, this 2–3-fold in-

crease in fatty acid oxidation into the TCA cycle mirrored the

2–3-fold increase in FTP uptake observed in these organs during

chronic hypoxia. This upregulation of fatty acid uptake and

oxidation in chronic hypoxia belies classical teachings of sup-

pressed oxidative metabolism during hypoxia.

Based on these observations, we identify distinct metabolic

classes of organs in chronic hypoxia. The heart stands alone

as an increased glucose oxidizer, shuttling carbons from

circulating glucose into the mitochondria to feed the TCA cy-

cle. On the other hand, the kidney, liver, and brain mobilize

circulating palmitate for mitochondrial metabolism. Finally,

BAT suppresses the entry of glucose-derived carbons into

the TCA cycle. Altogether, these findings highlight the unique

metabolic contributions of different organs to systemic hypox-

ia adaptation.
Figure 4. Chronic hypoxia reduces lipid accumulation and alters organ

(A) Fat mass measured by DEXA scan and weights of eWAT depots in mice hou

(B) Representative coronal and sagittal images of mouse PET scans conducted

palmitate (FTP). Scale bar shows the range of intensities in %ID/cc.

(C) Representative PET scan images of organs extracted from mice 90 min after

brain, 20; lung, 20; kidney, 50; muscle, 7; liver, 65; white fat, 2; brown fat, 15. Phot

experimental group), repeated from Figure 3D.

(D) Radioactive signal from each organ after extraction as measured by a gamma

the time of measurement. n = 4–8 biological replicates.

Statistics were calculated using one-way or two-way (for fat mass) ANOVA and po

eWAT, epidydimal white adipose tissue; BAT, brown adipose tissue.

See also Figure S2 and Data S1.
DISCUSSION

Acute disruptions in oxygen availability can be lethal. Neverthe-

less, adaptation to hypoxia at high altitude confers significant

metabolic benefits, including improved glycemic control,21

reduced coronary artery diseasemortality,25 and improved exer-

cise capacity.61 Mammals can adapt to hypoxia through several

known mechanisms, including erythropoiesis,12,13 angiogen-

esis,13,62 and shifts in renal bicarbonate handling.63 However,

the study of metabolic adaptations to hypoxia has thus far

been largely limited to the study of cancer cell lines. As a result,

the canonical view of hypoxia metabolism focuses on a cellular

shift from oxidative phosphorylation to anaerobic glycolysis.

However, hypoxia metabolism at the organ and whole-body res-

olutions has not been systematically characterized.

Here, we show that adaptation to hypoxia entails a systemic

metabolic transformation, including lower circulating blood

glucose. This is consistent with multiple human altitude studies,

which have found reduced blood glucose levels and improved

glycemic control among those who live above 3,000 m (approx-

imately 12.5% FiO2).
64 In mice, we found that this hypoglycemia

was accompanied by slightly lower insulin levels, significant loss

of adiposity, and an increase in circulating BUN, a marker of pro-

tein degradation. Altogether, these findings suggest that chronic

hypoxia promotes a systemic catabolic phenotype despite

the normalization of body weight. This whole-body metabolic

phenotype was accompanied by organ-specific shifts in the

uptake and mitochondrial oxidation of circulating fuel sources.

Acutely, most organs responded to hypoxia by increasing

glucose uptake while limiting the entry of glucose-derived car-

bons into the TCA cycle. This pattern indicates increased usage

of glucose for non-mitochondrial metabolism (including anaer-

obic glycolysis), which matches the classical view of adaptation

to hypoxia. Meanwhile, brown fat and skeletal muscle deviated

from this trend by decreasing their glucose uptake in acute

hypoxia, serving as ‘‘glucose savers’’ for other organs that

may have a greater need for glucose. Notably, the major func-

tions of both organs (thermogenesis and locomotion, respec-

tively) were impaired in acute hypoxia. The partitioning of

glucose in acute hypoxia implies that the non-vital functions

of thermogenesis and locomotion are compromised to prioritize

vital functions of other organs.

In chronic hypoxia, metabolic reprogramming varied signifi-

cantly across organs (Figure 6). The heart consumed significant

amounts of glucose and fatty acids in normoxia but in chronic

hypoxia, shifted toward glucose uptake to feed the TCA cycle.
-specific free fatty acid uptake

sed at 21% (gray), 11% (red), and 8% (blue) FiO2.

60 min after tail vein injection of the palmitate analog 16-[18F]fluoro-4-thia-

tail vein injection of FTP. Maximum values (% ID/cc) vary per organ: heart, 20;

ographs included only to demonstrate organ shape (not necessarily taken from

counter. Values were decay-corrected based on the time of FDG injection and

st-hoc Tukey correction. *p < 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001.
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Figure 5. Hypoxia rewires metabolic flux of major fuel sources into the TCA cycle

(A) Schematic showing entry of carbons from glucose and palmitate to the TCA cycle. Red circles represent 13C-labeled carbons. Labeling patterns correspond to
13C-acetyl CoA passing through one round of the TCA cycle.

(B) Heatmap showing the median log fold change in normalized relative enrichment of the isotope label compared with the 21% FiO2 condition. Normalized

relative enrichment was calculated by determining the fraction of carbons in TCA metabolites that were 13C-labeled and subsequently normalizing to the 13C

enrichment of the fuel (glucose or palmitate) in plasma. Greater normalized relative enrichment indicates increased production of the target metabolite from the

injected tracer compared with other sources. Only statistically significant changes are shown. Scale bar shows the range of Log2FC of normalized relative

enrichment.

(C and D) Normalized relative enrichment of malate 20 min after injection with (C) 13C-glucose or (D) 13C-palmitate. Mean ± SEM are shown.

Statistics were calculated using one-way ANOVA and post-hoc Dunnett’s test for multiple comparisons to a control group. n = 4–5 biological replicates. *p < 0.05,

**p < 0.01, ***p < 0.001, and ****p < 0.0001.

See also Figures S3 and S4 and Data S1.
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These findings are consistent with prior evidence that chronic

hypoxia increases the heart’s dependence on glucose.65 Mean-

while, the brain shifted in the opposite direction, relying more

heavily on circulating fatty acids to feed the TCA cycle. Despite

this shift in mitochondrial metabolism, the brain still increased

its glucose uptake significantly, suggesting alternate, non-mito-

chondrial fates for this glucose. Increased glucose consumption

by the heart and brain likely contributed to the persistent hypo-

glycemia we observed in hypoxic mice. Meanwhile, the liver

and kidney, which were both major fatty acid consumers in nor-

moxia, further increased their fatty acid oxidation in hypoxia by
512 Cell Metabolism 35, 504–516, March 7, 2023
2–3-fold. Finally, in BAT, glucose uptake and oxidation remained

suppressed in chronic hypoxia, and skeletal muscle returned

both glucose uptake and oxidation to normal levels.

These organ-specific patterns were confirmed by both PET

scans and isotope-labeled tracer experiments. Interestingly,

the tracer experiments revealed some differences in label en-

richment between TCA metabolites, suggesting changes in

metabolic regulation not only at the level of fuel entry into the

TCA cycle but also in steps within the TCA cycle. Indeed, the

TCA cycle is not a unidirectional pathway but a dynamic carousel

with a mixture of oxidative, reductive, and anaplerotic
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reactions.66 We found, for example, that the labeling patterns of

fumarate in some tissues differed from those of succinate and

malate. This may reflect changes in the metabolism of other

pathways that produce fumarate, including the purine nucleotide

cycle, tyrosinemetabolism, and the urea cycle. Alternatively, this

discrepancy may be a consequence of changes in succinate de-

hydrogenase activity, which can reflect alterations in the CoQ

redox state.67 Future experiments will involve isotope-labeled

tracers using alternate sources of fumarate and measurements

of organ-level CoQ redox changes in acute and chronic hypoxia.

Altogether, our findings support different rationales for meta-

bolic rewiring in acute versus chronic hypoxia. In acute hypoxia,

the primary goal may be to conserve fuel sources for organs with

themost vital functions (e.g., heart, brain, and liver) at the expense

ofmore acutely dispensable functions (e.g., locomotion or precise

thermoregulation). In this case, suppressing energy demand in

such organs preserves both oxygen and fuel supply. However,

on the chronic timescales, organisms likely need to reactivate

normal physiological functions, requiring efficient ATP production

across all organs. This is achieved by selectively partitioning

glucose and fatty acids depending onenergydemands,metabolic

flexibility, and local oxygenationofdifferent organs. Thesefindings

also raise related questions about tumor hypoxia—the metabolic

features of acutely hypoxic cancer cells may vary from those of tu-

mors that are chronically deprivedof oxygen. As in healthy organs,

the effects of hypoxia likely vary in different tumors based on the

local oxygenation, levels of hypoxia-induced vascularization, and

cell-specific metabolic demands.

Considering the increased oxygen demands of fatty acid

oxidation, we did not expect to identify organs that significantly

promoted fatty acid oxidation in chronic hypoxia.68 However,

different organs have different baseline PO2 levels and oxygen-

consuming needs in normoxia. Therefore, some organs may

maintain their fatty acid oxidation in hypoxia, saving glucose

for locations that may rely more on glucose uptake. Our data

indicate that this phenomenon is maintained by an organ-spe-

cific increase in fatty acid oxidation in the liver, kidney, and brain.

The identification of the brain as an increased fatty acid con-

sumer in chronic hypoxia was particularly unexpected. Ordi-

narily, the brain relies on glucose consumption for energy supply

and, when fasted, on ketone bodies.69 Nevertheless, recent

studies have demonstrated a capacity for low rates of fatty

acid oxidation in the brain.70 The brain’s increased fatty acid

oxidation in chronic hypoxia suggests an improved supply of ox-

ygen over the course of adaptation to hypoxia, as suggested by

our tissue PO2 measurements. Indeed, severe chronic hypoxia
Cell M
has been shown to promote angiogenesis

in the brain.71 Moreover, the hypoglyce-

mia in chronic hypoxia may activate mo-

lecular starvation signals, which promote
glial fatty acid oxidation and ketogenesis to supply fuel to neu-

rons.72 In this study, we focused on organ-level metabolic rewir-

ing. Future studies will focus on specific cell types and regional

effects within organs.

Collectively, our findings carry relevance for many metabolic

conditions. In chronic hypoxia, we observed an increase in the

consumption of circulating fuels by most organs. This may drive

a starvation-like program that prevents cardiometabolic dis-

eases caused by excess nutrient storage. Indeed, non-alcoholic

fatty liver disease, type 2 diabetes, and atherosclerosis are all

worsened by weight gain, hyperglycemia, and lipid accumula-

tion. In chronic hypoxia, these risk factors were all reversed,

which may contribute to the lower burden of chronic metabolic

diseases among high-altitude populations. Furthermore, or-

gan-specific fuel rewiring in adaptation to hypoxia offers a

metabolic starting point for maintaining function during acute

disruptions in oxygen supply. Altogether, our results highlight

the remarkable mammalian capacity for metabolic flexibility

during hypoxia, which we could eventually harness for thera-

peutic ends.

Limitations of the study

All experiments were conducted in C57BL/6J mice housed at

room temperature and fed chow diets. In addition, we focused

on glucose and free fatty acid metabolism, but other circulating

fuels may exhibit changes in hypoxia. It is possible that dietary

manipulations (e.g., high-fat diet, ketogenic diet, or amino-

acid-restricted diets) and changes in other parameters (e.g.,

temperature or strain) will result in unique whole-body metabolic

rewiring in hypoxia. Future work will incorporate these diets,

trace additional fuel sources (lactose, ketones, and amino acids),

and identify other metabolic fates of circulating nutrients

(pentose phosphate pathway, gluconeogenesis, and one-car-

bon metabolism).
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STAR+METHODS
KEY RESOURCES TABLE
REAGENT or RESOURCE SOURCE IDENTIFIER

Chemicals, peptides, and recombinant proteins

U-13C-glucose Cambridge Isotope Laboratories Cat#CLM-1396

U-13C-palmitate Sigma Aldrich Cat#605573

1,12-Dibromododecane Sigma Aldrich Cat#174866-5G

Methyl 3-mercaptoproprionate Sigma Aldrich Cat#108987-5G

Oxygen-18 water Rotem Industries, Ltd Cat#18-98-050A

FDG Citrate Cassette GE Cat#1176837

Fluorine-18 fluoride ion UCSF Cyclotron N/A

Critical commercial assays

i-STAT CHEM8+ Cartridge Zoetis Cat#10023291

Zero-oxygen calibration kit Unisense Cat#CALKIT-O2

Mouse/Rat Insulin Kit Meso Scale Discovery Cat#K152BZC

Mouse Leptin Kit Meso Scale Discovery Cat#K152BYC

Glucagon ELISA Mercodia Cat# 10-1271-01

Rat/Mouse Ghrelin (total) ELISA Millipore Sigma Cat#EZRGRT-91K

QuantiTect Reverse Transcription Kit Qiagen Cat#205311

Maxima SYBR Green/ROX qPCR

Master Mix (2X)

Thermo Fisher Cat#K0222

Experimental models: Organisms/strains

C57BL/6J Jackson Laboratory Strain #: 000664; RRID: MGI:2159769

Oligonucleotides

Primer sequences for qPCR, see Table S1 This paper N/A

Software and algorithms

TraceFinder 5.1 General Quan Thermo Fisher RRID:SCR_023045

GraphPad Prism GraphPad RRID:SCR_002798

ggplot2 Wickham73 RRID:SCR_014601

Ggsignif Ahlmann-Eltze and Patil74 RRID:SCR_023047

AccuCor Su et al.75 RRID:SCR_023046

AMIDE Loening and Gambhir76 RRID:SCR_005940
RESOURCE AVAILABILITY

Lead contact
Further requests for resources should be directed to and will be fulfilled by the lead contact, Isha H. Jain (Isha.Jain@gladstone.

ucsf.edu).

Materials availability
All reagents generated in this study are available from the lead contact with a completed Materials Transfer Agreement.

Data and code availability
d All data reported in this paper are included as Data S1.

d This paper does not report original code.

d Any additional information required to reanalyze the data reported in this paper is available from the lead contact upon

request.
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EXPERIMENTAL MODEL AND SUBJECT DETAILS

Animal model
Male C57BL/6J (#000664) mice (7-11 weeks old) from The Jackson Laboratory were used for all animal experiments. Mice were

housed at 24�C on a 12h:12h light:dark cycle and were fed a chow diet (PicoLab 5058). Cages were randomly allocated to normoxic

or hypoxic chambers within the Gladstone Institutes animal facility. Hypoxia was simulated in chambers by mixing N2 (Airgas), O2

(Airgas, Praxair), and room air using gas regulators. FiO2 and CO2 levels were checked daily and continuously monitored wirelessly.

To inhibit the accumulation of CO2, soda lime (Fisher Scientific) was added to each chamber. Mouse experiments were approved by

the UCSF Institutional Animal Care & Use Program (IACUC).

METHOD DETAILS

Open field test
Nitrogen gas wasmixed into a 20’’ x 20’’ PhotobeamActivity System (PAS)-Open Field Chamber (San Diego Instruments) to bring the

FiO2 to the appropriate level. An O2 gas sensor (Vernier) was used to monitor the oxygen levels in the chamber. Mice housed at 21%,

11%, and 8% FiO2 were moved into the chamber of matching FiO2 for 10 minutes. Their movement was recorded in real time with

built-in photobeams and compiled with PAS-Open Field Software (San Diego Instruments).

Pole test
3-4 days prior to the test, mice were pre-trained on the 50 cm pole. Mice were placed at the top of the pole, facing up and

facing down, and the time required to descend from this starting position to the bottom of the pole was measured. Each

test was conducted 3 times, and the average score was calculated. For the facing down starting condition, latency to descend

was scored as follows: for mice sliding <20% of the pole, the lesser of 1.25 times the total time or 15s was recorded; for mice

sliding 20-50% of the pole, 15s was recorded; for mice that fell, a max score of 20s was recorded. For the facing up starting

condition, latency to descend was scored as follows: for mice sliding <20% of the pole, 1.25 times the total time was recorded;

for mice sliding 20-50% of the pole, 30s was recorded; for mice sliding 50-75%, 45s was recorded; for mice sliding > 75%, 60s

was recorded; for mice that fell, a max score of 75s was recorded. All experiments were conducted in a glovebox matching the

appropriate FiO2.

Blood chemistries
Approximately 90 mL tail blood was collected from mice in a glovebox controlling the FiO2. Blood was collected into K2EDTA tubes

(BD) and analyzed on an iSTAT handheld analyzer (Zoetis) using CHEM8+ cartridges (Zoetis).

Body temperature measurements
Mouse body temperatures were measured using an infrared camera (FLIR). Mice were imaged and the maximal observed body tem-

perature was recorded. Temperatures were measured in a glovebox controlling the FiO2.

Weight and food intake measurements
Mice were weighed daily for the first week of treatment and every 1-4 days after the first week. Food intake was calculated based on

the change in weight of food in cages between measurements.

Tissue oxygenation measurements
10–11-week-old male C57BL/6J mice were housed at three different conditions—21% FiO2, 8% FiO2 for 24 hours, and 8% FiO2 for

3 weeks.Mice were anesthetized with 4% isoflurane and endotracheally intubated using an intubation platform (Kent Scientific). After

intubation, mice were placed on a flat heating pad and ventilated with the MiniVent Type 845 (Hugo Sachs Electronik, Harvard Appa-

ratus). The stroke volume was set to 150uL and the ventilation rate was set to 150 strokes/min. During ventilation, 2% isoflurane was

maintained for anesthesia.

To control the O2 inhaled by the ventilated mouse, pure nitrogen (>99.995%) was mixed with pure oxygen (>99.5%) using a dual

flowmeter (DFM-3002, Billups-Rothenberg). The nitrogen and oxygen tanks were obtained from Linde and were connected to CGA-

580 and CGA-540 regulators, respectively. The outlet pressure from each regulator was set at 5 psig. The PO2 of the gas mixture was

measured by the Flow Through Oxygen Monitor (GMS-5002, Billups-Rothenberg). The nitrogen flow rate was maintained at 5 L/min

and the oxygen flow rate was adjusted as needed to keep the PO2 of the mixed gas within 0.2% of the desired FiO2. The outlet from

the Flow Through Oxygen Monitor was then connected to the gas inlet of an isoflurane vaporizer.

In order to measure tissue oxygen tensions, a 50mm-wide Clark-type electrode (Unisense OX-50) was lowered into an exposed

organ after a surgical incision was made. A micromanipulator was used to move the electrode. Measurements were recorded after

readings were stable for 10 seconds. The electrode was polarized for at least 2 hours before use. For calibration, two oxygen tensions

were used—room air (159.6 mmHg) bubbled into 31�C PBS, and a 31�C anoxic (0 mmHg) sodium ascorbate solution at pH 9.9 (Uni-

sense). Using a handheld rodent thermometer with a probe (Braintree Scientific), we determined that the intra-abdominal and intra-

thoracic temperature of two dissected mice on a heating paid was approximately 30-32�C. Prior to sampling the brain, the Ideal
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Micro-Drill (Roboz, RS-6300A) was used to drill through the skull. The following regions were sampled in each organ: lung—right mid-

dle lobe, heart—right ventricle, eWAT—right eWAT, brain—cerebral cortex, liver—medial lobe, muscle—right quadriceps, kidney—

right kidney, BAT—interscapular BAT.

Hormone measurements
Tail blood was collected from mice in a glovebox controlling the FiO2 and stored in K2EDTA tubes (BD). Plasma was extracted by

centrifuging the blood samples at 2,000 rpm for 10 minutes at 4�C and collecting the supernatant. Plasma samples were shipped

on dry ice to the UC Davis mouse metabolic phenotyping core. Hormone concentrations were measured using multi-spot assay (in-

sulin, leptin; Meso Scale Discovery) or ELISA (ghrelin; Millipore) (glucagon; Mercodia).

Blood glucose measurements
Blood glucose levels weremeasured using a handheld glucometer (AimStrip Plus). For fastedmeasurements, mice were fasted over-

night for 12 hours.

Radiotracers
[18F]fluoride ion was produced by the 18O(p,n)18F reaction in the UCSF GE PETtraceTM cyclotron by proton irradiation of oxygen-18

enriched water (Rotem). FDG was prepared in the UCSF Radiopharmaceutical Facility from [18F]fluoride ion by automated synthesis

on the GE FASTlab synthesizer using the FDG Citrate FASTlab reagent cassette (GE). For FTP synthesis, Methyl 16-bromo-4-thia-

hexadecanoate precursor (16-[18F]fluoro-4-thia-hexadecanoic acid) was synthesized from 1,12-dibromododecane following previ-

ously reported methods.55 FTP was prepared by reacting the methyl hexadecanoate precursor with [18F]fluoride ion followed by

saponification of the methyl ester and HPLC purification.

Mouse PET scans and gamma counting
Mouse PET/CT scans (Inveon, Siemens Medical Solutions) were conducted at the Preclinical Imaging Core facility at China Basin in

the UCSF Department of Radiology & Biomedical Imaging. Mice were transported in boxes and transportable N2 and O2 tanks (Air-

gas) were used to maintain the appropriate FiO2 in transit. Mice were anesthetized with isoflurane and administered FDG or FTP via

tail vein injections. After 60 minutes, the mice were anesthetized and positioned for PET/CT scan. After completion of the scan, mice

were euthanized and organs were harvested. Organs were either imaged using the microPET/CT scanner or entered into a gamma

counter (HIDEX Automatic Gamma Counter) for quantification of the radioactivity, which was normalized based on organ weight and

dose at scan-time. The percent injected dose per gramwas calculated for blood and tissues. Dose at the time of scanning or counting

was decay-corrected using the known half-life of the radionuclide used for imaging according to the following equation, with Dt rep-

resenting the time between injection and scan:

Dosescan=count = Doseinjection

�
e

�Dt3 ln ð2Þ
109:771

�

All measured values from microPET/CT and gamma counting were calibrated to quantitatively represent physical activity levels

using routine calibration methods employed for both. Images were viewed using AMIDE.76

Organ and blood collection
10–11-week-old male C57BL/6J mice were housed at three different conditions—21% FiO2, 8% FiO2 for 24 hours, and 8% FiO2 for

3weeks.Micewere briefly anesthetizedwith isoflurane, and bloodwas collected using cardiac puncture. Next, micewere euthanized

by isoflurane overdose. For eachmouse, the systemic circulation was perfused with PBS by cutting the right atrium and inserting into

the left ventricle a needle connected to a peristaltic perfusion pump (Fisher Scientific). After perfusion for 2 minutes, approximately

50-100 mg of each organ was collected and stored in 500 mL RNAlater (Thermo Fisher Scientific). Organ samples in RNAlater were

stored overnight at -20�C and then moved to -80�C.

RNA extraction
Organs were transferred from RNAlater solution to 1 mL Trizol. A stainless-steel bead (Qiagen) was added to each sample before

lysing in a tissue lyser (Qiagen) for three 1-minute cycles at a frequency of 30 Hz. Samples were incubated at room temperature

for 5 minutes, then 250 mL of chloroform was added and mixed. After another 5-minute incubation at room temperature, samples

were centrifuged at 10,000 rpm for 10 minutes at 4�C. 400 mL of the aqueous layer was collected and mixed with 500 mL isopropanol.

After incubating at room temperature for 5 minutes, samples were centrifuged at 15,000 rpm for 30 minutes at 4�C. Samples were

placed on ice, and the supernatant was removed. 1 mL of 75% ethanol was added before centrifuging at 9500 rpm for 5 minutes at

4�C. After supernatant was removed, 1 mL of 75% ethanol was added, and samples were centrifuged at 9500 rpm for 5 minutes at

4�C. Following the removal of supernatant, 20-100 mL DEPC water was added, depending on the size of the pellet. Samples were

incubated in a 60�C heat block for 10 minutes or until the pellet dissolved. RNA concentration and quality was determined using a

NanoDrop 2000c spectrophotometer (Thermo Fisher Scientific).
Cell Metabolism 35, 504–516.e1–e5, March 7, 2023 e3
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RT-PCR
RNA was reverse transcribed to cDNA using the QuantiTect Reverse Transcription Kit (Qiagen). 2 mL of gDNA wipeout buffer was

added to a 12 mL solution of RNA in water containing approximately 1 mg of RNA. Samples were incubated at 42�C for 2 minutes

before placing on ice. Next, 1 mL reverse transcriptase, 1 mL RT primer mix, and 4 mL 5X RT buffer were added to each sample. Sam-

ples were incubated at 42�C for 15 minutes and 95�C for 3 minutes. Resulting cDNA was stored at -20�C.
For each qPCR reaction, 12 mL Maxima SYBR Green/ROX qPCRMaster Mix (Thermo Fisher Scientific) was mixed with 6.8 mL wa-

ter, 0.6 mL each of forward and reverse primers (0.3 mM in final solution) (Table S1), and 0.9 mL of cDNA in a well of a 384-well plate.

Each sample was run in duplicate. The plate was then inserted into a QuantStudio 5 (Applied Biosystems, Thermo Fisher Scientific)

for determination of cycle threshold (CT) values. The following thermal cycle was used: 50�C for 2 minutes, 95�C for 10 minutes, then

40 cycles of 95�C for 15 seconds and 60�C for 1 minute, followed by 95�C for 15 seconds, 60�C for 1 minute, and 95�C for 15 sec-

onds. For each set of duplicates, an average CT value was collected, and the difference in average CT between the target gene and

b-actin was calculated (DCT). Next, the difference in DCT value between each sample and the average of the normoxia samples was

calculated (DDCT). Relative expression of each gene was determined by calculating 2-DDCT.

In vivo 13C-labeled fuel tracer experiments
Mice were injected with approximately 1mg/g U-13C-glucose (Cambridge Isotope Laboratories) or 0.018 mg/g U-13C-palmitic acid

(Sigma Aldrich). U-13C-glucose doses were dissolved in water and U-13C-palmitic acid was conjugated with bovine serum

albumin (BSA, 35% water solution) with a PA:BSA molar ratio of 2.65:1. Mice were briefly anesthetized with isoflurane and delivered

100 mL of the tracer through retro-orbital injections. After 20 minutes, blood was collected using cardiac puncture and stored

in K2EDTA tubes (BD). Mice were then euthanized by cervical dislocation, and organs were harvested and flash frozen in liquid

nitrogen.

Metabolite extraction
Plasma was extracted from blood by centrifuging at 2,000 rpm for 10 minutes at 4�C and collecting supernatant. For tracer exper-

iments, plasmametabolites were extracted by adding 65 mL of 80%methanol to every 5 mL of plasma. Samples were vortexed for 10s

and incubated at 4�C for 10 minutes. Next, samples were centrifuged at 16,000g for 10 minutes at 4�C and supernatant was

collected.

For organs, 10 mL methanol and 8 mL water were added for every 1 mg of tissue harvested. A stainless-steel bead (Qiagen) was

added to each tube, and samples were lysed by undergoing five 30s on-off cycles in a tissue lyser (Qiagen) at a frequency of

30 Hz. Next, beads were removed and 10 mL chloroform was added for every 1 mg of tissue harvested. Samples were centrifuged

at 14,000 rpm for 10 minutes, and the top layer (aqueous) was stored.

LC-MS
Samples were run on an Orbitrap Exploris 240 (OE240) high resolution mass spectrometer (HRMS, Thermo Fisher Scientific) using

electrospray ionization. The OE240 was coupled to hydrophilic interaction chromatography on a Vanquish Horizon ultra-high perfor-

mance liquid chromatography (UHPLC, Thermo Fisher Scientific). 5 mL of polar metabolite samples were injected into the LC-MS

system and separated on a BEH-Amide column (Waters, 2.1mm x 150mm). The autosampler was maintained at 4�C and the column

was maintained at 45�C during runs. Mobile phase A was 20 mM ammonium acetate in 95:5 water:acetonitrile, with ammonium

hydroxide added to reach a pH of 9.45. Mobile phase B was acetonitrile. Flow rate was 150 mL/min. The gradient was the following:

0-20 min: 80% B to 20% B; 20-20.5 min: linear gradient from 20-80% B; 20.5-28 min: stable at 80% B.77 A 3-minute equilibration

phase was included at starting conditions before each injection. The OE240 ran in full-scan, negative mode with an ion voltage of

3.0 kV, and the scan range was 70-1000 m/z. The orbitrap resolution was 60000, RF Lens was 50%, AGC target was 1e6, and

the maximum injection time was 20 ms. The sheath gas was set to 40 units, auxiliary gas was 15 units, and sweep gas was

1 unit. The ion transfer tube temperature was 275�C, and the vaporizer temperature was 320�C.

QUANTIFICATION AND STATISTICAL ANALYSIS

LC-MS data analysis
Peaks were detected and peak areas were quantified using TraceFinder 5.1 General Quan. Natural isotope abundance correction

was conducted using the R package AccuCor.75 Next, relative enrichment of the isotope label was calculated for each metabolite

by determining the proportion of carbons that were 13C-labeled. No isotopomers of TCA metabolites were excluded from analysis

because all can plausibly emerge from oxidative metabolism of circulating fuels (Figure S4A). For all organ data, relative enrichments

of TCA metabolites were normalized to the relative enrichment of circulating glucose or palmitate (Figure S5B).

Relative enrichment was calculated according to the following formula:

Relative Enrichment =
1

nP

Xn

i = 0

i � abundancem+ i
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where n represents the total carbons in a compound (4 for malate), P represents the total abundance of the compound, and m+i

refers to the possible isotopomers (e.g., m+1 labeling implies one carbon is labeled). Normalized relative enrichment was calculated

by dividing the relative enrichment of the tissue TCA metabolite by the relative enrichment of the tracer (glucose or palmitate) in

circulation.

The resulting normalized relative enrichment values were plotted and analyzed using GraphPad Prism. Statistical significance was

determined using one-way ANOVA and post-hoc Dunnett’s test for multiple comparisons to a control group.

Statistical analysis
For analysis of LC-MS, qPCR, and tissue oxygenation experiments, GraphPad Prism was used. For all other data analysis and rep-

resentation, Rwas used. Graphsweremade using ggplot2.73 Statistics were calculated using one-way or two-way ANOVA and either

post-hoc Tukey test for multiple comparisons or post-hoc Dunnett’s test for multiple comparisons to a control group. Exact sample

sizes and statistical tests used are indicated in figure legends. Statistical significance was depicted on ggplot2 graphs using

ggsignif.74 Where used, boxplots depict the median, first quartile, and third quartile.

Figures
Figures were assembled in Adobe Illustrator. Diagrams were created using Illustrator or Biorender.com.
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